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Anthropogenic nitrogen (N) loading and eutrophication can affect valuable ecosystem services 
and seagrass habitats by modifying structural and functional aspects of estuarine communities 
including increasing and prolonging macroalgae blooms. In some contexts, macroalgae may play 
a key role in N cycling pathways because they can alter sediment chemistry. Previous research 
has associated drift macroalgae blooms with elevated dissolved inorganic N concentrations in 
sediments as a result of increased remineralization of organic matter, but drift macroalgae effects 
on microbial N transformation pathways are not well understood. This study quantified the 
effects of macroalgae on estuarine N cycling in Thalassia testudinum seagrass beds of St. Joseph 
Bay, FL, on June 4, 18, and 26, 2017. Sediment physical characteristics, seagrass and 
macroalgae biomass measurements, and porewater chemistry were analyzed to compare 
sediments in areas with and without macroalgae cover. Seagrass aboveground and belowground 
biomass was significantly greater in areas with no macroalgae on June 18, and 26.  Sediments at 
incubation sites with macroalgae had higher porewater sulfide and % organic matter, though this 
was not significant across all sites and incubation dates. Porewater sulfide concentrations were 
positively correlated to seagrass shoot density in areas with and without drift macroalgae. A 
continuous-flow incubation system for intact sediment cores amended with stable isotope 
additions (15NH4
+ and 15NO3
- ) was used to measure N transformation rates across the sediment-
water interface. Results shows that DNRA (dissimilatory nitrate reduction to ammonium) rates 
were similar in magnitude to denitrification rates in areas with and without macroalgae, showing 
similar rates of N removal and recycling within sediments. Anammox rates were a minor source 
of N2 flux from sediments in macroalgae and no macroalgae areas, though anammox was 
stimulated under drift macroalgae blooms. N fixation was observed during all incubations, even 
in sediments with porewater NH4
+ above 300 µM. Previous research in St. Joseph Bay during 
summer and fall had higher denitrification rates, and lower N fixation rates than this study. 
Presence of drift macroalgae appears to possibly alter organic matter supply during blooms that 
may affect seasonal sediment N cycling rates in seagrass beds. Though there were not many 
significant differences in N cycling rates between areas with and without drift macroalgae, data 
presented in this study provides baseline N transformation rates in a relatively unimpacted bay, 
St. Joseph Bay, FL, and is an important step in understanding how nutrient loading may alter N 
cycling rates in other similar systems. 
 
Introduction 
 In coastal marine ecosystems, understanding nitrogen (N) cycling is increasingly 
important due to the growing problem of excessive nutrient loading (Joye and Anderson 2008), 
primarily in the form of fertilizer runoff, atmospheric deposition (natural and anthropogenic 
sources), and wastewater inputs (e.g., Galloway et al. 2003). Increased nutrient (N and 
phosphorus (P)) concentrations have been associated with eutrophication in aquatic systems 
(McCarthy et al. 2016) often increasing primary production (Beman et al. 2005) and harmful 
algal blooms (Heisler et al. 2008), decreasing water column oxygen concentrations (Beman et al. 
2005; Boesch et al. 2009), and changing food web dynamics (Vitousek et al. 1997). N cycling 
pathways govern the fate of N within ecosystems, so to understand the effects of eutrophication, 
we must understand N cycling in natural and modified systems.  
Different pathways of the N cycle occur under oxic and suboxic conditions (Figure 1), a 
transition that usually occurs near the sediment-water interface, within a few millimeters of the 
sediment surface (Santschi et al. 1990). N cycling rates are also affected by other environmental 
and temporal factors including salinity, temperature, availability of carbon, and sulfide 
concentrations (e.g. An and Gardner 2002; Gardner et al. 2006) These factors, among others, 
influence what pathways are favored in different ecosystems (Gardner et al. 2006; Burgin and 
Hamilton 2007; Joye and Anderson 2008). Anaerobic N transformations include denitrification, 
dissimilatory nitrate reduction to NH4
+ (DNRA), remineralization of organic matter (OM), and 
anammox (anaerobic NH4
+ oxidation). Denitrification reduces nitrate (NO3
-) to nitrite (NO2
-), 




- (Tiedje 1988), anammox uses NO2
- to oxidize NH4
+ to N2 gas (Mulder et al. 
1995), and remineralization breaks down OM to simpler compounds, such as organic carbon and 
NH4
+. Denitrification and anammox export N from ecosystems as N2 gas, while DNRA and 
remineralization promote recycling of bioavailable N in the form of NH4
+ (Capone and 
Carpenter 1982; Burgin and Hamilton 2007). Aerobic pathways that occur in the top few 
millimeters of sediments are nitrification and OM remineralization (occurs in both aerobic and 
anaerobic). N fixation is the process of transforming N2 gas into more readily useable NH4
+, 




- (Ward 2008). The rates of these transformations can determine the net 
balance of available N forms in an ecosystem, which can ultimately influence the productivity of 
the system and possibly exacerbate effects of eutrophication (e.g., McCarthy et al. 2016).  
Rates of N pathways have been measured in many coastal environments (e.g., Eyre et al. 
2013; Smyth et al. 2013), including seagrass ecosystems (e.g., McGlathery et al. 1998; Eyre et al. 
2013; Salk et al. 2017), but no known studies have determined sediment-water interface N 
transformation rates in seagrass systems under drift macroalgae blooms. N transformation rates, 
and what drives these processes, are still not well understood in seagrasses because there are so 
few estimates, and these rates can vary regionally and seasonally (e.g. Eyre et al. 2011; Eyre et al 
2013; Salk et al. 2017).   
Seagrasses, marine angiosperms, are important ecosystem engineers that can modify 
water flow and sediment grain size and provide habitat for many different species of vertebrates 
and invertebrates, including commercially and recreationally important species (Hemminga and 
Duarte 2000; Beck et al. 2001). Seagrass communities also sequester, or fix, a significant amount 
of dissolved carbon dioxide through photosynthesis (Duarte et al. 2005), stabilize coastal 
sediments against erosion (Orth et al. 2006), and play important roles in biogeochemical cycling 
in coastal systems (Hemminga and Duarte 2000; McGlathery et al. 2007). Seagrasses are also 
vulnerable to anthropogenic stressors, and are sensitive to changes in light availability, due to 
their high photosynthetic needs (Orth et al. 2006). Decreases in light availability are often 
associated with algae growth, including drift macroalgae, and can therefore influence 
eutrophication effects in indirect ways (Orth et al. 2006). 
Drift macroalgae have garnered more interest in N cycling research due to the increase of 
anthropogenic N loading to coastal regions causing more persistent and prolonged blooms (Pihl 
et al. 1995; Osterling and Pihl 2001; Arroyo and Bonsdorff 2016). Drift macroalgae thrives in 
areas with increased nutrients (e.g., Pedersen et al. 2010), especially NH4
+ from anthropogenic 
sources (e.g., Wang et al. 2012) and N flux from sediments (Arroyo and Bonsdorff 2016). Most 
research, however, has not focused on direct N cycling rate measurements under macroalgae 
blooms; instead, these studies have only hypothesized how N transformations may be altered due 
to how macroalgae may affect environmental conditions such as sulfide concentrations, or how 
the macroalgae assimilates or exudes nutrients into the surrounding water column and sediments 
(Garcia-Robledo and Corzo 2011; McGlathery et al. 2013).  
Drift macroalgae are ephemeral, bloom-forming algae that grow in mats or clumps in the 
water column, attached to marine vegetation, or on the sediment surface (Arroyo and Bonsdorff 
2016). Macroalgae can increase biodiversity in marine systems by providing habitat for a variety 
of marine organisms (Coastal and Estuarine Studies 2005), but their presence can also be 
harmful by shading seagrasses and microphytobenthic communities, inhibiting photosynthesis 
(Hauxwell et al. 2003; Coastal and Estuarine Studies 2005; Garcia-Robledo and Corzo 2011). 
The effects that drift macroalgae have on seagrasses mostly depends on the residence time of 
macroalgae in the seagrass beds, if the macroalgae species grows attached to seagrass blades or 
benthic substrate, and the species of macroalgae and seagrass (Arroyo and Bonsdorff 2016). 
Water flow velocity and hydrologic conditions often determine how long drift macroalgae 
remain in an area, while spatial distribution of macroalgae is closely related to seagrass bed 
morphology (Bell and Hall 1997; Arroyo and Bonsdorff 2016). Distribution of drift macroalgae 
within seagrass beds is often patchy with a high amount of variability, though drift macroalgae 
tend to accumulate in small bare patches within the seagrass beds (Arroyo and Bondsdorff 2016).  
Drift macroalgae mats can move up to 0.5 km per day, but if water velocity is not sufficient to 
flush-out large macroalgae mats out of the system, then these accumulations will remain in the 
same areas until they eventually degrade (Holmquist 1997; Arroyo and Bonsdorff 2016). 
Both seagrasses and drift macroalgae can impact sediment N transformation rates through 
a variety of complex, direct and indirect, physical and chemical interactions with their 
environment. The physical presence of seagrasses reduces water flow velocities (Koch, 1999), 
that not only promote drift algal accumulation (e.g., Holmquist 1997), but also promotes the 
retention of fine sediments (Fonseca and Fisher 1986). Silt-clay percentage of underlying 
sediments is also positively correlated with the presence of drift macroalgae (Bell and Hall 
1997). Sediment size is important because it affects diffusion and advection of nutrients, such as 
dissolved inorganic N (DIN) and oxygen, across the sediment-water interface, since coarse 
sediments are more permeable than fine sediments (Asmus et al. 2000; Joye and Anderson 
2008). Sediment type can also be important since siliciclastic sediments, which are relatively rich 
in P and common in northern Florida, can promote N limitation, while carbonate rich sediments 
promote more P limited environments (Lapointe et al. 1997). 
Seagrasses can modify sediment chemistry by oxygenating the rhizosphere during 
photosynthesis (Frederiksen and Glud 2006), increasing organic matter (OM) content in 
sediments via detrital inputs, and assimilating and exuding dissolved nutrients, all of which vary 
seasonally (Eyre et al. 2013). Seagrasses are adapted to live in reduced, anoxic sediments, due to 
aerenchyma tissue that can protect roots and rhizomes from compounds like sulfide (Homer and 
Hasler-Sheetal 2014).  
The overall effect of macroalgae on sediment chemistry depends on the residence time 
and bloom stage (i.e., age of drift macroalgae bloom), though there are some common effects 
(Figure 2). Newly established macroalgae can form mats that assimilate nutrients from the 
surrounding sediments and water column (Coastal and Estuarine Studies 2005). These mats can 
act as a barrier between the overlying water column and sediment surface, uncoupling the 
sediment-water interface and disturbing the flow of dissolved nutrients and gases between the 
sediment and water column (Coastal and Estuarine Studies 2005). Drift macroalgae cover can 
also shift the oxic/anoxic boundary from a few millimeters below the sediment surface to the top 
of the sediments or to the overlying water, primarily due to macroalgae using dissolved oxygen 
through respiration, and in late stages of blooms, decomposition (Coastal and Estuarine Studies 
2005). As macroalgae biomass decomposes, nutrients can be released into the water column and 
sediment porewaters. This flux of nutrients can then be utilized by opportunistic macro- or 
microalgae, which can possibly further compound the effects of eutrophication (Garcia-Robledo 
et al. 2008; Corzo et al. 2009). 
Though seagrasses and drift macroalgae are biologically different, they similarly 
influence, or combine, to alter N transformation pathways and rates by affecting NH4+ pools. 
NH4
+ exuded from seagrasses, drift macroalgae, or the remineralization of OM can promote 
coupled nitrification-denitrification by supplying substrate for nitrification (McGlathery et al. 
2001). Elevated NH4
+ concentrations accumulated by macroalgae or from detrital seagrass can 
also be flushed out, which can keep the water column oxygenated through physically removing 
macroalgae or detritus and bringing in new, oxygenated water (Cebrian et al. 2014).  
Remineralization of OM, whether from seagrasses or macroalgae, supplies organic 
carbon to microbial communities, often shifting them from net autotrophy to heterotrophy, 
increasing sediment oxygen demand (SOD), and promoting sulfate reduction to sulfide, which 
can increase H2S concentrations in sediments (e.g., Hemminga and Duarte, 2000; Corzo et al. 
2009; Garcia-Robledo and Corzo 2011). OM remineralization naturally occurs in seagrass 
sediments, but OM from drift macroalgae can lead to H2S accumulation in sediment porewaters 
at concentrations that are toxic to seagrasses (Koch and Erskine 2001) and can inhibit 
denitrifying bacteria (Burgin and Hamilton 2007).  
The last step of denitrification (transforming N2O to N2), as well as nitrification, is 
inhibited by sulfide, which may favor NO3
- reduction via DNRA (Burgin and Hamilton 2007; 
Joye and Anderson 2008) or N2 production via anammox (Eyre et al. 2013). If denitrification is 
incomplete, NO2
- may be released, promoting anammox (Eyre et al. 2013). But, NO2
- release 
cannot be solely attributed to incomplete denitrification, since incomplete nitrification and 
DNRA can both release NO2
-, as well. Both denitrification and DNRA are anaerobic pathways 
performed by heterotrophic bacteria that rely on organic carbon sources, as well as NO3
- as their 
terminal electron acceptor. However, DNRA has been linked to sulfur oxidation and may be 
promoted in NO3
--limited sediments with ample labile carbon (Burgin and Hamilton 2007). 
Relative lability of organic matter is associated with the ratio of carbon (C) to N content in plant 
tissues. Higher C:N ratios denote that there is more carbon than nitrogen, meaning the tissues are 
more refractory than low C:N ratios with high N content. Mean C:N (carbon: nitrogen) ratios for 
Thalassia testudinum, on average, is 24.6:1 (Fourqurean and Zieman 2002) while  Laurentia 
poitei, a similar species of drift macroalgae from this study, is reported being 10.2:1 (NOAA 
1986).  Drift macroalgae is more labile than seagrass, and as both degrade, areas with drift 
macroalgae cover could promote DNRA over denitrification (Eyre et al. 2013; Burgin and 
Hamilton 2007).  
Denitrification has long been thought to be the primary pathway for NO3
- removal in 
many coastal ecosystems (Giblin et al. 2013), including seagrasses (Gardner and McCarthy 
2009; Eyre et al. 2013), but there is evidence that DNRA rates can be equal to or higher than 
denitrification in seagrasses (An and Gardner 2002; Aoki et al. 2017; Salk et al. 2017). 
Additionally, anammox may be an important pathway for N removal as well (e.g., Salk et al. 
2017). Previous research studying N cycling under macroalgae blooms has not estimated DNRA, 
which can have a significant impact on the fate of whether N is removed or recycled in 
ecosystems (Burgin and Hamilton 2007). Few studies have used stable isotope techniques and 
direct measurements of nutrient fluxes to determine differences in N transformation rates in 
seagrass beds with and without drift macroalgae accumulations. 
To examine how drift macroalgae mats affect N cycling in coastal marine sediments, this 
experiment was conducted in June 2017 in St. Joseph Bay, FL, located in the northeastern Gulf 
of Mexico. Previous research in St. Joseph Bay measured summer N transformation rates in both 
seagrass beds and adjacent, unvegetated sediments, providing baseline N cycling information in 
the bay (Hoffman et al., unpublished). In the present study, a continuous-flow incubation system 
using stable isotope additions (15N) was used to determine N transformation rates and pathways, 
while various sediment chemistry and biological samples were collected to address the 
hypotheses that: (1) denitrification rates would be higher than DNRA regardless of macroalgae 
presence, due to denitrification being more energetically favorable than DNRA; (2) areas with 
drift macroalgae beds would have higher rates of DNRA than areas without macroalgae due to 
increased sediment % OM and sulfide concentrations; and (3) N cycling rates will change over 
the duration of the drift macroalgae bloom; i.e., when the drift macroalgae is in large mats, 
chemical interactions will be different than during decomposition, possibly altering N 




 St. Joseph Bay, FL (Figure 3), is located in the northeastern Gulf of Mexico, bounded by 
Cape San Blas to the west and south and mainland Florida to the east. The bay is 295.4 km2 in 
size with no major freshwater inputs (Heck et al. 2000). Salinity ranges from 23-40 (mean = 35), 
and rainfall averages 1.5 m per year (FDEP 2008). The average water depth is approximately 6.4 
m, with maximum depths of 10.7 m towards the northern part of the bay and an average of 0.9 m 
towards the south (Figure 4-A; FDEP 2008). St. Joseph Bay has diurnal tides with a tidal range 
of 0.5 m and temperate climate that is occasionally influenced by subtropical storms and 
hurricanes during late summer and fall (Stewart, 1962;National Ocean Service, 1988).    
 The area around St. Joseph Bay is not heavily developed, though increases in nutrient 
concentrations have been observed since the early 2000’s (FDEP 2008). The dominant species of 
seagrass are Thalassia testudinum Banks & Sol. Ex K.D. Koenig, Halodule wrightii Ascherson, 
and Syringodium filiforme Kütz, which together comprise about 13% of the bay’s total area (Fig. 
4-B; FDEP 2008). The bay experiences seasonal macroalgae blooms dominated by rhodophytes, 
including species from the genera Laurentia and Gracilaria, Blooms typically start in late spring, 
but distribution and abundance of these blooms is not well understood. (FDEP 2008).  
This study was conducted at six sites (each sampling location was approximately 20 m x 
20 m in size) within continuous T. testudinum beds on 4, 18, and 27 June, 2017. Three sites were 
chosen based on the presence (+M) of macroalgal accumulations that completely covered (100% 
cover) the seagrass canopy over an area of at least one m2. Three sites were also selected in 
continuous seagrass beds with no macroalgal cover (-M). One site of each type (+M and –M) 
was designated for measurement of sediment-water interface N cycling rates. These sites were 
located within 40 m of one another at the south end of St. Joseph Bay and were chosen because 
they had similar % cover of seagrasses, water depth, and tidal influence (Table 10). The 
remaining sites, two with macroalgae blooms (M1, M2), and two without macroalgae blooms 
(NM1, NM2) were sampled at representative locations to quantify similarities and differences in 
sediment characteristics and seagrass biomass throughout the bay (Fig. 3). 
 
Sample Collection and analysis 
Chemical and Physical Characteristics 
 Water samples for ambient nutrient concentration analyses (NH4
+, NO3
-, NO2, urea, and 
ortho-phosphate; OP) were collected at all sites. Water samples were collected using 60 mL, 
Luer-Lock syringes with pre-rinsed 0.2 µm Nylon syringe filters. At least 10 mL of site water 
was used to pre-rinse each filter, and 12.5 mL of filtered water was collected into Falcon tubes 
and stored on ice until they could be frozen at -18° C. Samples were analyzed using standard 
procedures on a Lachat Quikchem 8500 flow injection analysis system at Wright State 
University (WSU). 
 Triplicate bulk sediment samples were randomly collected to measure sediment grain 
size, % OM, porewater NH4
+ and sulfide concentrations, exchangeable NH4
+, and carbon to 
nitrogen (C:N) content of sediments. Sediment samples for porewater and exchangeable NH4
+, 
sediment grain size, % OM, and C:N analysis were collected using 60 mL syringe corers, 
extruded into plastic Whirl-Pak bags (Nasco), and chilled on ice until they could be frozen at 
approximately -18° C until analysis. Porewater was extracted from sediments via centrifugation. 
For exchangeable NH4
+, 30 mL of 0.2 M acidified potassium chloride (pH = 2.5) was added to 
five grams of sediment. The mixture was rotated using a hematology mixer for 20 minutes to 
extract any NH4
+ bound to the cation exchange complex (Hatton and Pickering 1990), and NH4
+ 
was measured using the phenol hypochlorite method (Solarzano1969).  
 For grain size analysis, sediment samples were manually homogenized, dried at 60 °C 
until achieving a constant weight, and sieved to determine percent mass of grain size fractions 
(ASTM D6913-04). Percent OM was determined by loss on ignition after combustion in a muffle 
furnace at 500 °C for four hours (Heiri et al. 2001). C:N content was measured on acid-rinsed 
(10% HCl) subsamples of sediment from Whirl-Pak bags using a PDZ Europa ANCA-GSL 
elemental analyzer at the UC Davis Stable Isotope Facility. 
  Porewater for sulfide analysis was collected using Rhizon CSS samplers (Rhizosphere 
Research Products) in the field to extract porewater by capillary action. 60 mL syringe cores 
were used to collect intact sediment cores from each site, leaving a few centimeters of overlying 
water to minimize oxygen exposure to sediments. The Rhizon was inserted into the top of each 
60 mL syringe core until about 8 mL of porewater was extracted into vacuum sealed test tubes. 
10 µL of potassium hydroxide and 10 µL of zinc acetate were added immediately in the field to 
prevent sulfide oxidation. In the lab, sulfide samples were measured spectrophotometrically 
using the methylene blue method, with standards prepared by bubbling with Argon (Standard 
Methods 4500-S2-D).   
 Percent cover of macroalgae and seagrass was estimated at each of the sampling sites 
using a 0.25 m2 quadrat subdivided into 10 cm by 10 cm squares. Visual estimates were made at 
three haphazardly determined locations within each sampling site. In addition, three cores 
(182.65 cm2, PVC corer) were collected to measure biomass of drift macroalgae and seagrass. 
Samples were sorted into macroalgae, above and belowground biomass of seagrass, and detritus. 
Sorted samples were dried at 60 °C until achieving a constant weight to obtain dry biomass. 
Subsamples of dried biomass were rinsed in 10% HCl to remove carbonates, and pulverized 
samples were shipped to the UC Davis Stable Isotope Facility. Samples were analyzed using a 
PDZ Europa ANCA-GSL elemental analyzer to determine natural abundance of 15N and C and N 
content of the tissues. 
Continuous Flow Incubation System 
Intact sediment cores (7.6 cm diameter, ~15-20 cm height) were collected in seagrass 
beds with (+M) and without (-M) macroalgae cover (6 cores per site). Aboveground seagrass 
biomass was excluded from intact cores by gently parting the blades and manually inserting the 
core into the sediment. Cores with macroalgae were taken in areas of seagrass beds with 100% 
cover of macroalgae at least 10 cm thick. Seagrass and macroalgae were gently parted, and the 
core was inserted into the sediment. Immediately after extracting the core, macroalgae was 
placed on top of the sediment in the core (about 2-3 g wet mass). Cores were sealed and 
maintained in the dark at ambient temperatures during transport to the lab. 120 L of site water 
was collected and used to incubate the cores using a continuous-flow incubation system for three 
days (Lavrentyev et al. 2000;Gardner and McCarthy 2009). 
  Cores were wrapped in aluminum foil to prevent photosynthetic production of oxygen 
and fitted with a plunger containing inflow and outflow lines of gas impermeable PEEK tubing 
(0.040 IDx1/16OD, Western Analytical Products). The plunger was positioned with the inlet 
tubing approximately 1-2 cm above the sediment surface. Site water was held in aerated 
reservoirs and pumped over the sediment surface of intact cores at approximately 1.25 mL min-1 
by peristaltic pumps (Fig. 5).  
Two inflow reservoirs were enriched with Na15NO3 and two with
 15NH4Cl to a final 
concentration of 50 µM and 10 µM, respectively. Each inflow reservoir flowed into two 
sediment cores; thus, two sediment cores from each site received unamended inflow water with 
no tracer additions, two cores received inflow water amended with 10 µM 15NH4
+, and two cores 
received inflow water amended with 50 µM 15NO3
-. Cores were allowed to equilibrate for 12-14 




-, and urea), isotopically labeled 15NH4
+, and dissolved gases (28,29,30N2, O2, and 
Ar) once daily, for three days. Nutrient samples were filtered immediately to 0.2 µm into 15 mL 
plastic tubes and frozen. 15NH4
+ samples were filtered using 0.2 µm syringe filters into 12 mL 
Exetainers (Labco Exetainers), leaving no head space. Dissolved gas samples were collected in 
Exetainers, allowing the tubes to overflow for at least two volumes before collection, preserved 
with 200 µL of 50 % (w/w) zinc chloride, and stored at a temperature below ambient to prevent 
degassing prior to analysis. Nutrient samples were analyzed using the Lachat Quickchem 8500, 
while dissolved gases (Kana et al. 1994) and 15NH4
+ (OXMIMS, Yin et al. 2014) were measured 
using membrane inlet mass spectrometry (MIMS). All nutrient and gas fluxes were calculated 
based on the flow rate, cross-sectional core area, and concentration differences between inflow 
and outflow (Lavrentyev et al. 2000).   
Flux =  
(𝐶𝑜 − 𝐶𝑖) x 𝑓 
𝑎
 
Where Co is the outflow concentration (µM), Ci is the inflow/reservoir concentration, f is the 
flow rate (1.25mL min-1), and a is the cross-sectional area of the core (0.0045 m2). Flux 
calculations can be negative, indicating solute movement from the overlying water into the 
sediment core, or positive, indicating production and release from the sediments to overlying 
water (Lavrentyey et al. 2000; McCarthy et al. 2015).  
 28N2 was used to assess the relative balance between N fixation and 
denitrification/anammox occurring in unamended cores, while potential denitrification and 
calculated N fixation were determined from the 28, 29, and 30N2 fluxes in 
15NO3
- cores (An et al. 
2001). Possible anammox was estimated from production of 29N2 in 
15NH4
+ addition cores 
(Rysgaard et al. 2004). Nitrification was not prevented from occurring in these cores, so 29N2 
production cannot be excluded as an end-product of denitrification occurring with 14NO3
- already 
present within the incubation system combined with 15NO3
- produced via nitrification of added 
15NH4
+ (McCarthy et al. 2015). Potential DNRA was measured from 15NH4
+ produced from 
added 15NO3
- (An and Gardner 2002). Since cation exchange mechanisms in sediments may 
interfere with 15NH4
+ versus 14NH4
+ measurements in 15NO3
- additions cores (Gardner et al. 
1991), nitrate-induced ammonium flux (NIAF) was calculated as an additional proxy for DNRA. 
NIAF was calculated by subtracting total NH4
+ flux in unamended cores from the total NH4
+ flux 
in 15NO3
- cores (McCarthy et al. 2016).  
 
Statistical Analysis 
 Statistical analysis was completed using SPSS (IBM) software. Data was tested for 
normality and was not normally distributed, so all correlations were conducted using Spearman’s 
Rho correlation coefficients (r2). Biomass and sediment chemistry data was analyzed using the 
Kruskal-Wallis test to determine if data from sites +M and -M were significantly different from 
each other. For analysis all nutrient and dissolved gas fluxes, a Kruskal-Wallis univariate 
analysis of variance on ranked data was used to determine the main and interactive effects of 
macroalgae, treatment, and incubation. For all statistically significant main effects, a Post Hoc 
Test, Tukey HSD, was used to determine significance. Main effects indicate whether there was a 
significant effect of treatment, incubation date, or presence of algae independent of other factors. 
For interactive effects, where the effect of one variable depends on one or more other variables, 
95% confidence intervals around estimated marginal means were used to determine significant 
differences among combinations of factors. It is important to note that if there were interactive 
effects, main effects of the individual variables in the interaction were not reported, because the 
effect was not consistent across levels of the other factors (incubation date, treatment, or 
presence of macroalgae).  
 
Results 
Water Column and Site Characteristics 
 Salinity varied across all sites and dates, and no clear seasonal trends were found for 
ambient nutrient concentrations across St. Joseph Bay (Table 1). Ambient NO3
- concentrations 
were below detection limit on all dates and sites except on June 4 at +M and -M. Ambient NH4
+ 
concentrations ranged from 0.93 ± 0.04 to 4.16 ± 0.02 µM, while OP and NO2
- concentrations all 
remained under 1 µM. Urea concentrations were also all under 1 µM, except on June 18 at site 
NM1.  
 Biomass data (Table 2) and sediment chemistry (Table 3) varied across sites and dates. 
Notable correlations for macroalgae sites were that sulfide concentrations were positively 
correlated to seagrass shoot density (r2= 0.639, p = 0.01). For no macroalgae sites, sulfide 
concentrations were also correlated to shoot density (r2=0.825, p =0.01), as well as porewater 
NH4
+ (r2=-0.586, p =0.01). Also, % OM was correlated to seagrass aboveground biomass 
(r2=0.741, p =0.01) and shoot density (r2=0.530, p =0.05) in no macroalgae areas.   
 Site characteristics were compared between the three sites with macroalgae blooms (+M, 
M1, M2) and three sites with no macroalgae blooms (-M, NM1, NM2) to establish possible 
chemical and physical differences. On June 4, the only differences detected between macroalgae 
and no macroalgae sites were higher porewater sulfide concentrations (p =0.011) and % cover of 
macroalgae (p =0.002) at macroalgae sites. On June 18, aboveground seagrass biomass (p 
=0.019), belowground seagrass biomass (p =0.007), and % cover of seagrass (p =0.035) was 
significantly greater in areas with no macroalgae. On June 18 areas with macroalgae had 
significantly greater macroalgae biomass (p <0.001), and % cover of macroalgae (p <0.01) than 
no macroalgae areas. On June 26, aboveground seagrass biomass (p =0.038) and belowground 
seagrass biomass (p =0.015) were greater in areas with no macroalgae, while areas with 
macroalgae had higher macroalgae biomass (p <0.001), sulfide concentrations (p =0.004) and % 
cover of macroalgae (p =0.008).  
 
Sediment oxygen and nutrient fluxes 
Sediment Oxygen Demand (SOD) 
 Cores with drift macroalgae had significantly greater SOD than no macroalgae cores (p 
<0.001), with no effect of treatment and no interactive effects. Across all incubations and 
treatments (unamended, 15NH4
+, and 15NO3
- additions), average SOD in macroalgae cores was 
2587.87 ± 96.33 µmol O2 m
-2 hr-1 compared to 1566.06 ± 80.18 µmol O2 m
-2 hr-1 in no 
macroalgae cores (Table 4, Fig. 6). SOD was also significantly greater on June 18 than June 26 
(p =0.001); however, other comparisons of SOD across incubations and treatments were not 
significant. In 15NH4
+ addition cores with no macroalgae, SOD was positively correlated to 
possible anammox and 29N2 flux (r
2=0.571, p =0.05), and in 15NO3
- addition cores with no 
macroalgae, SOD was positively correlated to potential DNRA (r2=0.727, p =0.01). 
Nutrient Fluxes 
 Mean NH4
+ flux in all macroalgae cores (24.76 ± 12.29; all nutrient fluxes measured in 
µmol N m-2 hr-1 or µmol P m-2 hr-1 for OP ± standard error) was significantly lower than the 
mean for all no macroalgae cores (77.41 ± 11.13) (p <0.001) (Fig. 7). Sampling date influenced 
NH4
+ flux with June 4 being significantly higher than June 18 (p <0.001) and June 26 (p =0.019). 
For treatment, average NH4
+ flux for 15NO3
- enriched cores was 109.30 ± 15.98 compared to 
31.34 ± 9.91 in unamended cores (p <0.001) and 12.62 ± 13.43 in 15NH4
+ enriched cores (p 
<0.001). For the effects of the 15NO3
- addition in unamended cores with macroalgae, there was a 
positive correlation between NH4
+ and NO3
- fluxes (r2=0.571, p =0.05).  
 NO2
- fluxes were only significantly affected by treatment (p <0.001), but not incubation 
or presence of macroalgae. Average NO2
- fluxes for +M and -M in 15NO3
- enriched cores across 
the three incubations were 47.62 ± 6.40 compared to -1.60 ± 0.97 in unamended cores (p <0.001) 
and 0.02 ± 0.36 in 15NH4
+ enriched cores (p <0.001). (Table 4; Fig. 8).      
 Treatment and incubation significantly influenced NO3
- fluxes (both p <0.001; Fig. 9). 
Including all treatments, June 26 had lower NO3
- fluxes than June 4 (p <0.001) and June 18 (p 
=0.001). 15NO3
- addition cores stimulated NO3
- uptake by sediments with an average NO3
- flux 
of -245.49 ± 18.88, which was significantly different from 0.86 ± 0.89 in 15NH4
+ enriched cores 
(p <0.001) and 0.52 ± 0.78 in unamended cores (Table 4; Fig. 9).  
 There were significant interactive effects between macroalgae and incubation (p =0.014) 
for OP fluxes. All average OP fluxes were negative, but no other significant differences or trends 
occurred over the three incubations, or between treatments for +M and -M cores (Table 4; Fig. 
10).  
 Urea fluxes were influenced by interactive effects between macroalgae and incubation (p 
=0.011), with no effect of treatment. On June 4, urea flux was significantly greater in -M cores 
than +M cores (3.62 ± 1.84, -3.90 ± 2.27, respectively) but this difference was not observed in 
the other incubations (Table 4; Fig. 11). 
 
N transformations  
Net 28N2 Flux 
 There were significant interactive effects between incubation and treatment (p <0.001) as 
well as macroalgae and incubation (p =0.026) on net 28N2 fluxes. The effect of macroalgae 
changed over different incubations. In all +M cores, June 26 (-10.27 ± 7.43) was significantly 
different than June 4 (-82.95 ± 17.14) and June 18 (-51.432 ± 12.91) (Table 4).The effect of 
treatment changed over the course of three incubations. For unamended +M and -M cores, June 
26 and June 18 were significantly different from each other (p =0.007). In 15NH4
+ addition +M 
and -M cores, June 26 had lower 28N2 fluxes than both June 4
th and June 18th. In 15NO3
- cores, 
there were no significant differences between incubations. 
 Averages for 28N2 flux were predominantly negative across all incubations (Fig. 12). The 
changing effect of macroalgae, depending on incubation shows that there was a change from 
being a net 28N2 sink on June 4 and June 18 to being neither a sink nor source of 
28N2 during the 
last incubation on June 26.  
Other N pathways  
 Potential denitrification rates, measured by total 28+29+30N2 production in 
15NO3
- cores, 
averaged 12.02 ± 4.52 in +M cores and 17.19 ± 4.22 in -M cores across all three incubations 
(Fig. 14, A). Potential DNRA rates, measured as 15NH4
+
 production from 
15NO3
-, averaged 12.36 
± 5.21 in +M cores and 19.55 ± 3.90 in -M cores across all three incubations (Fig. 14, B). In 
15NO3
- addition, +M cores, NO2
- flux was correlated to potential DNRA (r2=0.595, p =0.01) and 
calculated N fixation (r2=0.558, p =0.05). Potential DNRA and potential denitrification were also 
negatively correlated (r2=-0.666, p =0.01). NIAF, calculated as the difference between NH4
+ flux 
in 15NO3
- and unamended cores, averaged 63.45 ± 16.59 in +M cores and 97.44 ± 13.98 in -M 
cores (Fig. 14, D). In 15NO3
- addition, -M cores, potential DNRA was correlated positively to 
NO2
- flux (r2=0.527, p =0.05) and potential DNF (r2=0.477, p =0.05). Calculated N fixation, 
based on production of heavy isotope and balance with oxygen ratio (An et al. 2001), averaged 
21.78 ± 10.46 in macroalgae cores and 5.12 ± 7.66 in no macroalgae cores (Fig. 14, C). There 
were no statistically significant trends found between +M and -M cores, or across sampling dates 
for potential DNF, potential DNRA, N fixation, and NIAF. 
 
Discussion 
 St. Joseph Bay is a relatively unimpacted coastal system with continuous T. testudinum 
beds along the margin of the bay and seasonal drift macroalgae blooms, providing a study site to 
determine how drift macroalgae may affect the fate of N in seagrass ecosystems. Previous 
research led to the hypothesis that seagrass beds with or without drift macroalgae cover would 
have greater rates of denitrification than DNRA because denitrification is more energetically 
favorable than DNRA. Previous research also led to the hypothesis that areas with drift 
macroalgae cover would have greater DNRA rates than seagrass beds with no drift macroalgae, 
likely due to higher % OM and sulfide concentrations associated with macroalgae cover and 
lastly, literature also supported the idea that N cycling rates would change over the duration of 
the drift macroalgae bloom due to chemical differences imposed by newly established 
macroalgae blooms versus decomposing macroalgae on sediments. The results show that drift 
macroalgae blooms within St. Joseph Bay did not significantly affect the majority of N 
transformation pathways, but the rates measured in this study may be important in the context of 
larger seasonal trends, as compared to N rates measured within St Joseph Bay and other seagrass 
beds.   
 DNRA represents recycling of bioavailable NH4
+ within sediments (Burgin and Hamilton 
2007). DNRA was stimulated in 15NO3
- addition cores, but there were no significant differences 
in potential DNRA between +M and -M cores. N removal pathways from sediments include 
anammox (Mulder et al. 1995) and denitrification (Seitzinger 1988). Average potential 
denitrification rates in -M cores was not significantly different than +M cores. But, potential 
denitrification rates were an order of magnitude greater than possible anammox in +M and -M 
cores (Fig. 14, A; Fig. 13). Possible anammox, 29N2 production in 
15NH4
+ addition cores, was 
significantly higher in +M than -M cores, but anammox rates represented less than 2% of total N 
removal. The primary N removal pathway was through denitrification, rather than anammox, in 
seagrass sediments of St. Joseph Bay during June 2017, regardless of the presence of drift 
macroalgae. Low NO3
- ambient concentrations at all sites (most below detection limit) suggests 
at first that denitrifying bacteria were possibly NO3
- limited at all sites, however, there was a lack 
of 29N2 and 
30N2 production in 
15NO3
- addition cores, supporting that coupled nitrification-
denitrification was occurring more than direct denitrification.   
 Sulfide levels are thought to inhibit denitrification and promote DNRA (Burgin and 
Hamilton 2007). Even though sulfide levels at macroalgae sites were significantly higher than no 
macroalgae sites during June 4 and June 26, there were no significant differences in potential 
denitrification or potential DNRA between macroalgae and no macroalgae cores. Also, % OM 
was not different between areas with and without drift macroalgae across the bay, though +M 
sites did have significantly greater % OM than -M sites across all incubations (p <0.001). 
Previous research has shown that there may not be a significant amount of OM from degrading 
macroalgae blooms that gets incorporated into sediments (Sundbäck et al. 1990), though other 
studies have shown that OM from macroalgae may contribute up to half of the annual OM 
deposited in coastal sediments (Kautsky 1995). This altogether suggests that instead of just % 
OM or sulfide levels, possibly the lability of OM, has more control on the preference of 
denitrification versus DNRA rates (Burgin and Hamilton 2007). SOD was also greater in +M 
than -M, supporting indirectly that sediment metabolism was increased in areas with macroalgae, 
and may be why denitrification was favored (Cornwell et al.1999).  Other research has shown 
that macroalgae mats can shift the microbenthic community from diatom dominated to 
cyanobacterial dominated, shifting sediments to net heterotrophy and increasing SOD (Garcia-
Robledo and Crozo 2011). 
 Denitrification rates in this study were lower than previously measured rates using the 
continuous-flow incubation method in St. Joseph bay by Hoffman et al. (unpublished) during 
August 2012 and July 2014, which ranged from 89–221 µmol N m-2 h-1 and 127–284 µmol N m-2 
h-1, respectively. However, data showing that anammox was not a significant source of NO2
- 
removal in St. Joseph seagrass beds was similar to Hoffman et al. (unpublished) findings. 
Denitrification rates from this study were higher than seagrass sediments in Australia measured 
using sediment slurries by Salk et al. 2017 (0.16 µmol N m-2 h-1), while anammox rates from this 
study were similar to their bare sediments (0.18 µmol N m-2 h-1) but not seagrass sediments (0.60 
µmol N m-2 h-1). Denitrification rates in this study were also lower than rates measured in other 
seagrass beds in Australia (29.2–445.2 µmol N m-2 hr-1; Eyre et al. 2013) and T. testudinum beds 
in Texas (16 µmol N m-2 h-1; An and Gardner 2002), but, were similar to average denitrification 
rates in Zostera marina beds (17.5 µmol N m-2 h-1; Aoki and McGlathery 2017). 
 Potential DNRA rates were greater than Australian seagrass beds from Salk et al. 2017 
(<1 µmol N m-2 hr-1) but less than rates measured in T. testudinum beds in Laguna Madre, Texas 
(69 µmol N m-2 hr-1; An and Gardner 2002), and in previous incubations in St. Joseph Bay 
(average ~30-40 µmol N m-2 hr-1; Hoffman et al. unpublished). If potential DNRA rates are an 
underestimate due to cation exchange mechanisms in sediments (e.g., Gardner and Seitzinger 
1991), NIAF averages in +M and -M cores (Fig. 14, D) would need to be used in place of DNRA 
rates. The concept of NIAF has been applied in other seagrass sediments within St. Joseph Bay 
(~300 µmol N m2-1 hr-1; Hoffman et al. unpublished) as well as in Texas (262 µmol N m2-1 hr-1; 
Gardner et al. 2006). NIAF rates were not significantly different between +M and -M and rates 
of DNRA were still lower than previously measured rates, but, the overall magnitude of recycled 
N would then be greater than removed N (via denitrification and anammox) in sediments. There 
are no known studies measuring N transformation pathways under drift macroalgae blooms in 
seagrass beds, making it unclear whether the lack of difference between macroalgae and no 
macroalgae areas is consistent with other studies. 
  Besides the importance of removal and recycling of N in sediments, the transformation of 
N2 into NH4
+ via N fixation, is an important source of N for many bacteria and phytoplankton 
(Knapp 2012). Seagrass bed sediments contribute about 10% of total sediment marine N fixation, 
even though they comprise about 0.1% of total marine area (Capone 1983). Average N fixation 
calculations from macroalgae and no macroalgae cores were not significantly different but 
suggest that N fixation is occurring simultaneously with denitrification in these sediments. 28N2 
fluxes were negative in our unamended cores (Figure 12), showing that N fixation was occurring 
at higher rates than denitrification. There were mixed effects of macroalgae on 28N2 fluxes, but 
overall, from June 4 to June 26, N fixation rates and 28N2 fluxes decreased, showing a switch 
from sediments being a net N sink to neutral. This decrease in N fixation, and previous research 
showing no heterotrophic N fixation in St. Joseph Bay during July and August (Hoffman et al. 
unpublished), possibly showing that higher N fixation rates from this study may be a part of 
larger seasonal trends. Research in sediments of Narragansett Bay, RI showed that when there is 
less organic matter reaching sediments, there is a switch from net denitrification to N fixation, 
typical of seasonal trends from increased nutrients after remineralization of algae blooms during 
the winter-spring (Fulweiler et al. 2007). In St. Joseph Bay, there is potentially less OM during 
spring when drift macroalgae blooms have not degraded and seagrasses are not as productive, 
leading to higher N fixation rates than in the summer when OM to sediments is greater, leading 
to greater denitrification rates.  
 N fixation in marine and other ecosystems is often inhibited by inorganic N, though many 
coastal sediments often have high concentrations (100-200 µM) of NH4
+ present with high rates 
of N fixation (Welsh et al. 2000). N fixation may be able to proceed in NH4
+ rich sediments 
because there are other controlling environmental factors, such as organic carbon source and 
oxygen concentrations (McGlathery et al. 1998), or that N fixation can help bacteria balance 
their redox potential with excess electrons provided from N fixation (Tichi and Tabita, 2000). 
There are few studies examining N fixation rates in seagrass sediments, and further interpretation 
of how NH4
+ concentrations, or other environmental factors, could affect N fixation rates in these 
sediments are even fewer (Knapp 2012, Welsh et al. 2000). Porewater NH4
+ in seagrass beds in 
St. Joseph Bay ranged from 312.90 ± 57.16 to over 716.01 ± 81.13 µM, and sediment % OM 
ranged from 0.49% to 6.08%. It is also important to note that sediment heterogeneity can occur 
at small scales, and measurements for in situ porewater NH4
+ are often influenced by sampling 
procedures, e.g. leakage of NH4
+ from damage to the rhizosphere (Hansen and Lomstein 1999). 
  Rates of N fixation have ranged from 0.09 to 416.67 µmol N m-2 hr-1 in seagrass beds 
(Welsh et al. 2000) and are seasonally dependent for temperate seagrass beds (e.g., McGlathery 
et al. 1998), showing that N fixation rates from this study fall within the ranges reported by 
others, even in the presence of high porewater NH4
+ concentrations in St. Joseph Bay. 
 It is also important to consider methodologies when comparing N transformation rates. 
Sediment slurry techniques disrupt natural redox gradients in sediments and may overestimate N 
rates in vegetated sediments due to disturbing in situ plant tissues, which may release DIN and 
organic carbon that would usually not be as readily available to microbes (e.g., Hansen and 
Lomstein 1999). The acetylene block technique for denitrification measurements specifically 
inhibits N fixation, has been shown to inhibit denitrifiers, nitrifiers, and other reducing bacteria 
(Taylor 1983), while producing ethylene, a compound that can affect a variety of 
microorganisms (Capone 1988).  
 The main weakness of this study is the lack of temporal resolution, with only three 
incubations (June 4, 18, and 26, 2017) and that our sediment chemistry samples are not paired 
directly with our incubation cores. In this study, sampling and porewater measurements were 
from bulk sediment samples, so direct interpretation and connection of our sediment chemistry to 
N transformation rates, or extrapolation of N rates across the bay, is inherently complicated. This 
study represents the first time that living macroalgae was added to intact sediment cores for the 
continuous-flow incubation method. Though the cores were wrapped in foil to prevent 
photosynthetic activity, and no oxygen bubbles were detected to influence N transformation 
rates, there are possible methodological issues that may have been undetected due to dark 
respiration of drift macroalgae.  
 Based on our data from the continuous-flow incubation method, the magnitude of N 
recycling (DNRA) and formation of bioavailable N (N fixation) was equal or greater than our N 
removal pathways (anammox and denitrification) in June 2017 in seagrass beds with and without 
drift macroalgae blooms. The rates presented in this study differ from N transformation rates 
measured by Hoffman et al. (unpublished) in St. Joseph Bay during August 2012 and July 2014. 
Though the original hypotheses in this study were not consistently supported, baseline data for N 
cycling in seagrass beds, as well as understanding chemically what happens under drift 
macroalgae blooms, remains important. With the increasing amount of anthropogenic N reaching 
coastal ecosystems, understanding how N loading may affect seagrasses and other coastal 
habitats, which are ecologically important for many fish and invertebrates, is imperative. Drift 
macroalgae blooms negatively affect seagrasses, and macroalgae blooms are increasing world-
wide as a result of nutrient loading, but no known studies have evaluated how drift macroalgae 
may alter N cycling in these systems. To mitigate the possible effects of these increasing loads, 
providing baseline data on sediment N transformations is an important first step in understanding 
these effects.     
 
Integration of the Thesis Research 
Nutrient loading often has cascading affects in ecosystems, altering biological and 
chemical interactions of microbes to macro-flora and -fauna, often having negative ecological 
implications such as increasing drift macroalgae blooms. Though N cycling is microbial 
mediated, many temporal and environmental factors can influence N transformation rates and 
pathways. The project described is integrative in nature and broadly determined how macroalgae 
can affect not only N cycling rates and pathways, but also general sediment chemistry, water 
column nutrients, microbial community activity, and effects on seagrass community in the 
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Tables and Figures 
 
Table 1. Ambient nutrients ± SE (µM) and site conditions for sediment core incubation sites with (+M) and without (-M) macroalgae and non-
incubation sites with (M1, M2) and without (NM1, NM2) macroalgae across St. Joseph Bay during June 2017. Depth (cm) is the distance from top of 
water column to sediment surface. BDL=below detection limit. 




June 4th        



































        
June 18th        
















































        
June 26th        






















































Table 2. Biomass measurements for T.testudinum (aboveground, belowground, shoot density) and macroalgae (g m-2)  ± SE, for sediment core 
incubation sites with (+M) and without (-M) macroalgae and non-incubation sites with (M1, M2) and without (NM1, NM2) macroalgae across St. 



















June 4th       
+M 54.20 381.60 30.84 711.73 100 50.00±15.28 
 
-M 193.81 730.34 ND 1642.45 98.33±1.67 
 
ND 
M1 139.06 851.34 10.95 930.72 100 40.00±14.43 
 
NM1 319.18 1155.74 ND 1368.71 100 ND 
       





























































       




























































Table 3. Sediment chemistry ± SE, for sediment core incubation sites with (+M) and without (-M) macroalgae and non-incubation sites with (M1, 
















June 4th     
+M 825.13 ± 128.42 
 
491.67 ± 117.34 
 
366.33 ± 1.99 
 
3.60% ± 0.63% 
 
-M 531.31 ± 29.66 
 
369.09 ± 37.59 
 
150.43 ± 53.78 
 
1.60% ± 0.07% 
 
M1 558.26 ± 40.95 
 
400.77 ± 21.27 
 
315.97 ± 26.99 
 
3.69% ± 0.38% 
 
NM1 581.13 ± 47.92 
 




5.39% ± 0.53% 
 
     
June 18th     
+M 915.93 ± 102.82 
 
506.45 ± 115.07 
 
410.68 ± 2.93 
 
3.47% ± 0.87% 
 
-M 555.32 ± 72.59 
 
312.90 ± 57.16 
 
305.03 ± 51.07 
 
2.02% ± 0.10% 
 
M1 609.52 ± 65.49 
 
432.29 ± 52.95 
 
155.43 ± 72.09 
 
4.10% ± 0.56% 
 
M2 844.54 ± 243.89 
 
874.73 ± 314.87 
 
99.42 ± 81.04 
 
1.72% ± 0.25% 
 
NM1 613.27 ± 24.11 
 
455.87 ± 68.95 
 
96.63 ± 92.99 
 
6.08% ± 1.05% 
 
NM2 716.84 ± 62.04 
 
789.75 ± 22.22 
 
1.62 ± 1.62 
 
1.02% ± 0.05% 
 
     
June 26th     
+M 788.16 ± 39.48 
 
342.20 ± 57.80 
 
344.49 ± 71.20 
 
4.14% ± 0.58% 
 
-M 1161.36 ± 374.05 
 
1006.72 ± 590.45 
 
32.68 ± 17.14 
 
2.31% ± 0.23% 
 
M1 670.70 ± 129.88 
 
464.91 ± 64.99 
 
220.06 ± 53.77 
 
3.18% ± 0.13% 
 
M2 679.55 ± 61.92 
 
605.26 ± 69.28 
 
378.27 ± 27.78 
 
2.63% ± 0.53% 
 
NM1 496.70 ± 79.88 
 
447.92 ± 102.67 
 
213.55 ± 97.41 
 
4.99% ± 0.12% 
 
NM2 540.05 ± 123.42 
 
716.01 ± 81.13 
 
12.46 ± 2.71 
 
0.49% ± 0.06% 
 
Table 4. Sediment-water interface nutrient fluxes (µmole N or P m-2 hr-1) ± standard error (SE) of duplicate cores from sites +M and -M. Samples collected for 3 
days (n=6). Date refers to sediment core collection date. ND = no data.  
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Table 5. Spearman correlation coefficients for biogeochemical data from all dates and sites. Number in parenthesis is n for comparisons.  
 
 
* indicates significance at α = 0.05. 



















-0.401*(40) -0.439** (40) 0.227 (40) 0.762** (40) 0.327* (39) -0.148 (40) 0.034 (38) -0.486**(40) 0.797** (40) - 
Below 
Biomass 
-0.366* (40) -0.408** (40) 0.099 (40) 0.736** (40) 0.228 (39) -0.065 (40) 0.055 (38) -0.531** (40) -  
Algae 
Biomass 
0.234 (48) 0.573** (48) 0.102 (48) -0.347* (40) 0.069 (47) -0.40 (48) 0.289 (45) -   
Sulfide 0.205 (45) 0.511** (45) 0.364* (45) 0.385* (38) 0.418** (44) -0.267 (45) -    
PW NH4+ 0.441** (48) -0.171 (48) -0.207 (48) -0.264 (40) -0.274 (47) -     
% OM -0.059 (47) 0.317* (47) 0.523** (47) 0.310 (39) -      
Shoot 
density 
-0.15 1(40) -0.267 (40) -0.201 (40) -       
% Cover 
(seagrass) 
-0.182 (48) 0.190 (48) -        
% Cover 
(macro) 
0.257 (48) -         
EX  NH4+ -          
 


































Factor SOD 28N2 NH4+ OP NO2- NO3- Urea 
Urea 0.649** -0.228 0.1189 -0.212 0.015 -0.428 - 
NO3- -0.325 0.009 0.172 -0.001 -0.366 -  
NO2- 0.069 0.046 -0.053 0.024 -   
OP -0.026 0.366 -0.321 -    
NH4+ 0.007 -0.238 -     
28N2 -0.624** -      
SOD -       
Factor SOD 28N2 NH4+ OP NO2- NO3- Urea 
Urea -0.331 0.313 0.238 0.218 -0.119 0.214 - 
NO3- 0.057 0.300 0.571* -0.325 -0.247 -  
NO2- -0.049 -0.257 -0.168 -0.261 -   
OP -0.216 0.366 0.057 -    
NH4+ 0.463 0.587 -     
28N2 -0.554* -      
SOD -       
 








* indicates significance at α = 0.05. 
















* indicates significance at α = 0.05. 
** indicates significance at α= 0.01.  
 
Factor SOD 28N2 29N2 NH4+ OP NO2- NO3- Urea 
Urea 0.069 -0.337 -0.267 -0.053 0.544* -0.240 -0.203 - 
NO3- -0.102 0.139 0.127 -0.527* -0.046 -0.459 -  
NO2- 0.005 -0.112 -0.061 0.214 0.152 -   
OP -0.280 0.240 -0.713** -0.377 -    
NH4+ 0.214 -0.379 0.430 -     
29N2 0.571* -0.476 -      
28N2 -0.278 -       
SOD -        
Factor SOD 28N2 29N2 NH4+ OP NO2- NO3- Urea 
Urea -0.370 0.424 0.317 0.560* 0.170 0.158 -0.410 - 
NO3- -0.226 0.026 -0.189 -0.112 -0.410 -0.467 -  
NO2- -0.160 -0.003 -0.032 -0.022 0.441 -   
OP 0.333 -0.385 0.556* 0.079 -    
NH4+ -0.311 0.610** -0.110 -     
29N2 0.311 -0.550* -      
28N2 -0.707** -       
SOD -        













* indicates significance at α = 0.05. 



























Urea 0.164 -0.030 -0.034 0.079 0.042 0.007 0.030 0.049 0.015 0.034 -0.082 - 
NO3
- -0.036 0.044 -0.028 -0.092 0.129 -0.109 -0.044 -0.513* -0.335 -0.358 -  
NO2
- 0.628** -0.317 0.061 0.348 -0.141 0.527* 0.317 0.814** 0.476* -   
OP 0.399 -0.335 0.009 0.480* 0.141 0.691* 0.335 0.531* -    
NH4
+ 0.612** -0.197 0.228 0.484* -0.022 0.512* 0.197 -     
N-Fix 0.383 -1.000** 0.245 0.412 -0.416 0.239 -      
Pot. 
DNRA 
0.727** -0.239 0.454 0.668** 0.477* -       
Pot. 
DNF 
0.346 0.416 0.439 0.401 -        
30N2 0.754** -0.412 0.591** -         
29N2 0.598** -0.245 -          
28N2 -0.383 -           
SOD -            













* indicates significance at α = 0.05. 





















Urea 0.125 -0.253 0.344 -0.032 0.065 0.337 0.253 0.193 0.038 0.011 -0.059 - 
NO3
- -0.616** -0.125 -0.414 -0.548* -0.203 -0.126 0.125 -0.273 -0.496* -0.259 -  
NO2
- 0.482* -0.558* 0.356 0.263 -0.286 0.595** 0.558* 0.430 0.172 -   
OP 0.133 0.096 0.313 0.222 0.106 -0.135 -0.096 
-0.094 
 
-    
NH4
+ 0.560* -0.298 0.094 0.123 0.013 0.234 0.298 -     
N-Fix 0.253 -1.000** 0.562* -0.135 -0.666** 0.438 -      
Pot. 
DNRA 
0.194 -0.438 0.243 0.421 -0.090 -       
Pot. 
DNF 
-0.063 -0.666** -0.073 0.366 -        
30N2 0.230 0.135 0.185 -         
29N2 0.364 -0.562* -          
28N2 -0.253 -           










































Figure 3. Map of St. Joseph Bay, FL, in the northern Gulf of Mexico (Google Earth). GPS site locations: NM1: N29°42.317' 
W085°198.432', NM2: N29°51.335' W085°23.885',  M1: N29°43.078' W085°20.237', M2: N29°46.661' W085°23.913', +M: 
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Figure 14. Panel A is potential DNF, panel B is potential DNRA, panel C is calculated N-fixation, and panel D is NIAF, 
all measured in µmole N m-2 hr-1. All green bars represent measurements from 15NO3- addition cores, while NIAF bars are 
in blue because they are the difference in 15NH4+ concentration between unamended and 15NO3- addition cores. 
 
